Also known as CD26, dipeptidyl peptidase-4 (DDP4) is widely recognized for its role in enzymatic degradation of incretin peptides, including glucagon-like peptide-1, glucagon-like peptide-2, and glucose-dependent insulinotropic peptide ([@B1]). Current pharmacologic approaches to inhibit DPP4 rely exclusively on inhibition of its catalytic function. In addition to preservation of glucose homeostasis by its enzymatic activity, DPP4 may have broad functional roles in other processes as evidenced by its widespread expression in other cell types ([@B2]). Despite the well-documented role of DPP4 in modulating incretin function, its nonenzymatic function in processes such as inflammation, especially in the context of diabetes and obesity, remains poorly characterized ([@B3]). Although early work on DPP4 focused on its role in T-cell function ([@B4],[@B5]), the role of DPP4 in dendritic cells (DC) and macrophages has not received much attention ([@B6]--[@B8]). In this study, we investigated the functional role of DPP4 in visceral adipose tissue (VAT) after initially observing a significantly higher expression of DPP4 on DCs and macrophages in VAT compared with peripheral blood. Our study suggests that membrane-bound DPP4 on macrophages and DCs, via its interaction with adenosine deaminase (ADA), may be responsible for creating a microenvironment that facilitates T-cell proliferation. The elucidation of enzymatic versus nonenzymatic effects of DPP4 and their contribution to inflammation and metabolism may be of importance in obesity/type 2 diabetes.

RESEARCH DESIGN AND METHODS {#s1}
===========================

Animal models, human tissues, and ethical approval. {#s2}
---------------------------------------------------

Human visceral adipose tissue was harvested from the greater omentum during endoscopic repair of hernias from lean control subjects and during the performance of bariatric surgery in obese subjects. Human peripheral blood was collected from healthy volunteer donors. C57BL/6 and ob/ob mice were purchased from Jackson Laboratory (Jax Laboratories, Bar Harbor, ME). All procedures of this study were approved by the Committees on Use and Care of Animals and the Office of Responsible Research Practices, Human Institutional Review Board of the Ohio State University, under Ohio State University protocol 2008H0177. Human informed consent was obtained in writing and a copy was inserted in the medical records of the patients.

Peripheral blood mononuclear cell isolation and cell culture. {#s3}
-------------------------------------------------------------

Peripheral blood mononuclear cells (PBMCs) were isolated from human peripheral blood by the density gradient separation. Briefly, K~2~ EDTA-anticoagulated blood was diluted 1:1 with sterile PBS and layered on Ficoll-Paque Plus (GE Healthcare, Piscataway, NJ). Samples were centrifuged for 30 min at 500*g* without applying a brake. The PBMC interface was carefully removed by pipetting and washed twice with PBS. Cells were then collected for indicated experiments.

For monocyte-derived DC (MDDC) induction, PBMCs were cultured in CO~2~ cell culture incubator for 2 h, and then adherent cells (monocytes) were cultured in the presence of 20 ng/mL recombinant human granulocyte-macrophage colony-stimulating factor (R&D, Minneapolis, MN) and 10 ng/mL interleukin (IL)-4 (R&D). Media were replaced every 2 days. Seven days later, suspension cells were collected for experiment.

Bone marrow-derived DCs were produced as previously described ([@B9]). In brief, mouse bone marrow cells were harvested by flushing the femur and tibia with PBS containing 5% FBS. The cells were cultured in DC growth media (RPMI-1640 suspended with 10% FBS, 20 ng/mL recombinant mouse granulocyte-macrophage colony-stimulating factor and 10 ng/mL recombinant mouse IL-4). Media were replaced every 2 days. Suspension of cells was collected for experiments after 7 days in culture.

Intraperitoneal glucose tolerance test. {#s4}
---------------------------------------

The C57BL/6 mice were fed a high-fat diet (HFD) or normal chow at the age of 6 weeks. The intraperitoneal glucose tolerance test was performed after 12 weeks of diet, feeding as detailed previously ([@B10]). After fasting overnight (16--18 h) with free access to water, mice were weighed and baseline blood glucose was determined. Animals were then intraperitoneally injected with 2 g/kg [d]{.smallcaps}-glucose. Blood glucose was detected 30, 60, 90, and 120 min after the glucose injection by using Contour blood glucose meter (Bayer, Pittsburgh, PA).

siRNA transfection. {#s5}
-------------------

The small interfering RNA (siRNA) transfection was performed as described ([@B11]). Briefly, cells were seeded in a 12-well plate the day before transfection. On the second day, 100 nmol/L of DPP4-specific or control siRNA (Santa Cruz, CA) was transfected into the cells using the Lipofectamine RNAiMAX Reagent (Invitrogen, Carlsbad, CA) as instructed. Cells were used for experiment or fluorescence-activated cell sorter detection 24 h after transfection.

Human and mouse stromal vascular fraction isolation. {#s6}
----------------------------------------------------

The stromal vascular fraction (SVF) was isolated from visceral adipose tissue by digesting it with collagenase type 2 from *Clostridium histolyticum* (Sigma, St. Louis, MO) ([@B12]). Human or mouse visceral adipose tissues were extensively rinsed in PBS, minced, and then digested with 1 mg/mL collagenase type II at 37°C and 140 rpm for 45 min. The digesta was then filtered through a 100-µm nylon cell strainer, followed by centrifugation at 300*g* for 5 min. The resulting pellet was lysed with 1× red blood cell lysing buffer (Sigma) to get rid of contaminating erythrocytes. After wash with PBS, the pellet (SVF) was resuspended with PBS and ready for use.

Flow cytometry. {#s7}
---------------

All antibodies used in fluorescence-activated cell sorter were purchased from BioLegend (San Diego, CA) or BD (San Jose, CA); 1 × 10^6^ cells were resuspended in 100 µL PBS containing 1% FBS and blocked with human Fc receptor blocking solution (BioLegend, San Diego, CA) or anti-mouse CD16/32 Fcγ III/II receptor (BD). Cells were then stained with indicated antibodies at 4°C for 30 min. After wash with PBS, cells were then analyzed on BD LSRII or FACSCalibur flow cytometer (BD).

Enzyme-linked immunosorbent assay. {#s8}
----------------------------------

The day after siRNA transfection, MDDCs were either unstimulated or stimulated with lipopolysaccharide for 24 h. Culture supernatant was then collected and subjected to the determination of tumor necrosis factor-α (TNF-α) and IL-6. The amount of TNF-α and IL-6 in the culture media was determined using the sandwich enzyme-linked immunosorbent assay kits (Biolegend, San Diego, CA) as instructed by the manufacturer.

T-cell proliferation assay. {#s9}
---------------------------

PBMCs were cultured in a CO~2~ cell culture incubator for 2 h, and suspension cells (lymphocytes) were harvested for T-cell proliferation assay. T lymphocytes were then purified by using human T-cell enrichment columns (R&D, Minneapolis, MN) according to the manufacturer's instruction. T cells were labeled with 5µM CFSE using CellTrace CFSE Cell Proliferation Kit (Invitrogen, Carlsbad, CA) as instructed. In the presence of 0.2 µg/mL anti-CD3 (Biolegend), CFSE-labeled T cells were then cultured with prepared MDDCs at the ratio of T:DC = 4:1. After 3 or 5 days of culture, cells were run on a flow cytometer, and proliferation indexes were calculated according to the equation outlined by Wallace ([@B13]).

Confocal microscopy and competitive binding assay. {#s10}
--------------------------------------------------

PBMCs isolated from peripheral blood were incubated with 1µM bovine ADA (Roche, Branchburg, NJ) for 1 h. After an extensive wash with PBS, cells were stained with biotin-labeled anti-human ADA (Abcam, Cambridge, MA) and mouse anti-human DPP4 Ab, followed by staining with fluorescein isothiocyanate (FITC)-labeled avidin and Texas Red-labeled chicken anti-mouse secondary Ab. After washing with PBS, the cells were spread on microscopic slides and analyzed under Zeiss LSM 510 Confocal (Carl Zeiss). For the competitive binding assay, the cells were incubated with 50 ng/mL ADA (Roche) for 1 h in the presence or absence of 10 µg/mL soluble DPP4 (R&D, Minneapolis, MN). After a wash, cells were stained with PE-labeled DPP4 and biotin-labeled anti-ADA, followed by staining with FITC-labeled avidin, and then run on BD LSRII.

Statistical analysis. {#s11}
---------------------

All data are expressed as mean ± SEM unless otherwise specified. *P* \< 0.05 was considered statistically significant. Graphpad Prism 4 was used for statistical analysis using Student *t* test or one-way ANOVA and Boneferroni post hoc test when appropriate.

RESULTS {#s12}
=======

Expression profile of DPP4 in DCs and macrophages. {#s13}
--------------------------------------------------

DPP4 is ubiquitously expressed in many organs and has been previously demonstrated to be expressed on CD4^+^ T lymphocytes, where it plays a role in functional activation ([@B2],[@B14]). To investigate its role in DCs/macrophages in VAT, we contrasted the expression of DPP4 in peripheral blood with adipose inflammatory cells derived from the stromal vascular fraction of VAT. Similar to previous reports ([@B15]), CD4^+^ T cells in peripheral blood highly express DPP4 (52.6 ± 5%; [Supplementary Fig. 1A](http://diabetes.diabetesjournals.org/lookup/suppl/doi:10.2337/db12-0230/-/DC1)). This was similar to the expression in VAT, in which 56.1 ± 9.2% of CD4^+^ T cells express DPP4 ([Fig. 1*A*](#F1){ref-type="fig"}). Although a similar percentage of DPP4^+^ CD4^+^ T cells was detected, the fluorescence intensity was higher in the CD4^+^ T cell of adipose tissue when compared with that of peripheral blood ([Supplementary Fig. 2](http://diabetes.diabetesjournals.org/lookup/suppl/doi:10.2337/db12-0230/-/DC1)). Compared with CD4^+^ T cells, the expression of DPP4 on CD8^+^ T cells and innate immune cells (including CD14^+^ monocytes, CD11c^+^ DCs, and CD11b^+^ macrophages) was lower ([Supplementary Fig. 1B](http://diabetes.diabetesjournals.org/lookup/suppl/doi:10.2337/db12-0230/-/DC1)). Approximately 5.3% and 4.1% of DCs and macrophages, respectively, in peripheral blood expressed DPP4. DPP4 expression was higher on DCs and macrophages of VAT compared with that of peripheral blood (16.9% and 19.4%, respectively; [Fig. 1*A*](#F1){ref-type="fig"}). We also investigated expression of DPP4 as a function of differentiation in DCs. DPP4 expression on human peripheral blood\--derived monocytes increased with functional differentiation to DC or macrophage in vitro ([Fig. 1*B*](#F1){ref-type="fig"}). These results were identical when the differentiation was examined in mouse bone marrow-derived DCs ([Supplementary Fig. 3](http://diabetes.diabetesjournals.org/lookup/suppl/doi:10.2337/db12-0230/-/DC1)).

![DPP4 expression is increased in immune cells in VAT. *A*: DPP4 expression was detected on the CD4^+^ T cells, DCs, and macrophages in human peripheral blood, as well as in human VAT by flow cytometry. *B*: DPP4 expression on fresh-isolated monocytes, in vitro differentiated MDDC, and monocyte-derived macrophages by flow cytometry. Monocytes were isolated from human peripheral blood for the detection of DPP4 expression. MDDC was induced by culturing human monocytes with 20 ng/mL granulocyte-macrophage colony-stimulating factor (GM-CSF) and 10 ng/mL IL-4 for 7 days. Cells were then harvested for the detection of DPP4 expression. Monocyte-derived macrophages were induced by culturing human monocytes in the presence of GM-CSF for 7 days and then used for the detection of DPP4 expression. (A high-quality color representation of this figure is available in the online issue.)](149fig1){#F1}

DPP4 expression on DC and adipose tissue macrophages is elevated in obesity. {#s14}
----------------------------------------------------------------------------

Adipose inflammation is a sine qua non for insulin resistance ([@B16],[@B17]). To evaluate the relevance of DPP4 expression in adipose inflammatory cells from VAT and its relationship to insulin resistance, adipose tissue was collected prospectively from obese patients undergoing bariatric surgery and lean control subjects undergoing inguinal hernia repair. [Table 1](#T1){ref-type="table"} depicts the metabolic profile of obese patients and lean control subjects recruited into the study. As depicted in [Fig. 2*A*](#F2){ref-type="fig"}, obese patients had a higher percentage of DPP4^+^ macrophages in visceral adipose tissue. And the expression of DPP4 was positively correlated with fasting insulin (*R*^2^ = 0.456, *P* = 0.026; [Supplementary Fig. 4](http://diabetes.diabetesjournals.org/lookup/suppl/doi:10.2337/db12-0230/-/DC1)) and homeostasis model assessment of insulin resistance (HOMA-IR) (*R*^2^ = 0.404, *P* = 0.016; [Fig. 2*B*](#F2){ref-type="fig"}). We detected the expression of DPP4 in the adipose tissue of both HFD-induced (C57BL/6) and genetically obese (ob/ob) mice (12 weeks). After 12 weeks of HFD feeding, blood glucose was measured before and after an intraperitoneal glucose challenge in C57BL/6 mice. Mice fed an HFD were significantly glucose-intolerant compared with the mice fed a normal diet ([Supplementary Fig. 5A](http://diabetes.diabetesjournals.org/lookup/suppl/doi:10.2337/db12-0230/-/DC1)), and percentage of classically activated macrophages (M1) was higher in the adipose tissue of mice fed an HFD ([Supplementary Fig. 5B](http://diabetes.diabetesjournals.org/lookup/suppl/doi:10.2337/db12-0230/-/DC1)). Consistent with observations in humans, the expression of DPP4 on macrophages and DCs was higher in HFD-induced and ob/ob mice compared with controls ([Fig. 2*C*](#F2){ref-type="fig"} and *D* and [Supplementary Fig. 5C](http://diabetes.diabetesjournals.org/lookup/suppl/doi:10.2337/db12-0230/-/DC1)). We additionally confirmed cell surface detection of DPP4 in DCs derived from human visceral adipose tissue ([Supplementary Fig. 6](http://diabetes.diabetesjournals.org/lookup/suppl/doi:10.2337/db12-0230/-/DC1)).

###### 

Metabolic profile of human subjects

![](149tbl1)

![Increased DPP4 expression on inflammatory DCs/macrophages in obese humans and ob/ob mice. *A* and *B*: Stromal vascular fraction was harvested from VAT by digesting it with collagenase II. DPP4 expression in SVF was detected by flow cytometry. Percentage of DPP4^+^ macrophages in VAT of obese (n = 6) and lean human subjects (n = 6) (*A*) and correlation between HOMA-IR and percentage of DPP4^+^ macrophages (*B*) are shown. \**P* \< 0.05 when compared with lean group. *C* and *D*: SVF was isolated from epididymal fat of ob/ob or wild-type mice. A representative flow-contour plot showing increased expression of DPP4 detected on macrophages (*C*) and DCs (*D*) is depicted. HOMA-IR, homeostasis model assessment of insulin resistance; SVF, stromal vascular fraction. (A high-quality color representation of this figure is available in the online issue.)](149fig2){#F2}

Increased T-cell activation in adipose tissue of obese subjects. {#s15}
----------------------------------------------------------------

Because we detected relatively high levels of DPP4 on adipose DCs/macrophages in both obese mice and humans, we evaluated its functional effects on T-cell proliferation and activation by analyzing SVF from epididymal fat of ob/ob and control mice. An increase of both CD4^+^ and CD8^+^ T-cell populations was observed in the VAT of ob/ob mice compared with control mice ([Fig. 3*A*](#F3){ref-type="fig"} and *B*). Furthermore, the percentage of CD4^+^ and CD8^+^ T-cells with CD62L^−^ phenotype was higher in the VAT of ob/ob mice, suggesting there were more activated T cells ([Fig. 3*C*](#F3){ref-type="fig"} and *D*), which is consistent with our previous finding in human VAT ([@B12]). The number of CD4^+^ T cells strongly correlated with DPP4 expression in macrophages ([Fig. 3*E*](#F3){ref-type="fig"}). These results suggested a role for DPP4 in T-cell inflammation in obesity and raised the possibility that DPP4 may directly mediate adipose tissue inflammation in obesity/insulin resistance.

![Increased T-cell proliferation and activation in ob/ob mice and obese human subjects. *A*: VAT (epididymal) was collected from ob/ob (n = 8) or wild-type (WT) mice (n = 6) and used for SVF isolation. Isolated SVF cells were then stained with indicated Ab. The percentage of CD4^+^ T cells in SVF was shown (*left*). A representative flow cytometric contour plot is depicted (*right*). \**P* \< 0.05 when compared with WT group. *B*: The percentage of CD8^+^ T cells in SVF is shown (*left*). A representative flow cytometric plot is depicted (*right*). \**P* \< 0.05 when compared with WT group. *C*: The percentage of activated CD4^+^ T cells (CD62L-CD4^+^) in CD4^+^ T cells is shown (l*eft*). A representative flow cytometric plot (*right*) is shown. \**P* \< 0.05 when compared with WT group. *D*: The percentage of activated CD8^+^ T cells (CD62L-CD8^+^) in CD8^+^ T cells is shown (*left*). A representative flow cytometric plot is depicted (*right*). \**P* \< 0.05 when compared with WT group. *E*: SVF isolated from human VAT was stained with CD4, CD11b, and DPP4 Abs, and then analyzed using flow cytometry. Correlation plot between CD4^+^ T-cell percentage and DPP4 expression is depicted. SVF, stromal vascular fraction. (A high-quality color representation of this figure is available in the online issue.)](149fig3){#F3}

DPP4 on DC and macrophages increases on activation. {#s16}
---------------------------------------------------

Previous studies have shown that DPP4 is highly expressed on activated T cells and serves as a marker for T-cell activation ([@B18]). However, the functional relevance of DPP4 expression on DC and macrophages and its relationship to activation status has not been investigated. We initially evaluated expression of DPP4 in T cells during activation. T cells isolated from human blood were stimulated with anti-CD3 and anti-CD28 antibody and detected the levels of DPP4. Activated T cells (interferon-gamma \[IFN-γ\]\--positive) expressed significantly higher levels of DPP4 compared with IFN-γ−negative T cells ([Fig. 4*A*](#F4){ref-type="fig"}). To investigate the potential involvement of DPP4 in the activation of macrophages, we tested the expression of DPP4 on mature and immature macrophages. Almost all DPP4^+^ macrophages expressed CD80, a maturation marker, indicating only mature macrophages express DPP4 ([Fig. 4*B*](#F4){ref-type="fig"}). To further confirm this result, DPP4 expression levels were detected on untreated and lipopolysaccharide (LPS)-stimulated monocytes, DCs, and macrophages. As shown in [Fig. 4*C*](#F4){ref-type="fig"}, DPP4 level increased 5- to 10-fold after 24h LPS stimulation. Peritoneal macrophages isolated from mice with LPS stimulation displayed a more mature phenotype and significantly higher expression of DPP4 compared with controls (6.4 ± 2.1% vs. 37.2 ± 5.7%; [Fig. 3*D*](#F3){ref-type="fig"}).

![DPP4 expression is increased on activation of inflammatory cells. *A*: T cells isolated from human peripheral blood were activated with anti-CD3 plus anti-CD28 mAb and then stained with IFN-γ and DPP4 Abs. IFN-γ\--producing cells expressed higher levels of DPP4. Coexpression of DPP4 with IFN-γ (*left*) and DPP4 expression on IFN-γ\--positive and IFN-γ\--negative populations (*right*) are depicted. *B*: Peritoneal macrophages were collected from C57BL/6 mice and stained with CD11b, CD80, and DPP4 Abs. Activated macrophages (CD11b^+^ CD80^+^) expressed higher levels of DPP4. Coexpression of DPP4 with CD80 (*left*) on macrophages and the expression of DPP4 on CD80-positive and CD80-negative populations (*right*) are shown. *C*: Human peripheral blood mononuclear cells were stimulated with LPS (1μg/mL) for 24 h. DPP4 expression and activation were evaluated on CD14, CD11b, and CD11c populations. *D*: Peritoneal macrophages were isolated by injecting LPS (25 mg/kg body weight) intraperitoneally in C57BL/6 mice. Peritoneal macrophages were collected and DPP4 expression was evaluated on these cells. A higher maturation (*bottom*) and higher expression of DPP4 (*top*) was observed. (A high-quality color representation of this figure is available in the online issue.)](149fig4){#F4}

Binding of DPP4 to ADA. {#s17}
-----------------------

Previous studies have shown that ADA binds T-cell\--expressing DPP4 and regulates T-cell activation ([@B7],[@B8]). However, the involvement of ADA in DC-mediated immune response is not fully understood. To investigate the mechanism by which DC-expressing and macrophage-expressing DPP4 may modulate adipose inflammation, we first detected the binding of DPP4 to ADA. PBMCs were incubated with ADA for 1 h, followed by staining with ADA and DPP4 antibody and corresponding fluorescent secondary antibody. As shown in [Fig. 5*A*](#F5){ref-type="fig"}, ADA colocalized with DPP4 on the cell membrane. Human VAT sections ([Supplementary Fig. 7](http://diabetes.diabetesjournals.org/lookup/suppl/doi:10.2337/db12-0230/-/DC1)) demonstrated numerous cells expressing DPP4 that colocalized with ADA. DPP4 expression occurred in CD11c^+^ DCs, as shown in [Supplementary Fig. 6](http://diabetes.diabetesjournals.org/lookup/suppl/doi:10.2337/db12-0230/-/DC1). DPP4^+^, but not DPP4^−^, PBMCs showed a higher fluorescent intensity of ADA after incubation with ADA, suggesting DPP4 can directly bind to ADA. Preincubation with soluble DPP4 competitively inhibited the binding of DPP4 with ADA ([Fig. 5*B*](#F5){ref-type="fig"} and *C*).

![ADA binds to cell surface DPP4 in human DC/macrophages. Human PBMCs were cultured on six-well plates for 4 h and were incubated with ADA (50 ng/mL) for 30 min, following which the cells were washed and stained with anti-ADA and DPP4 Abs. *A*: Representative confocal micrograph showing expression of DPP4, ADA, and their colocalization. *B*: The binding of ADA to DPP4 was investigated in cultured PBMCs by competition assays in which in exogenous ADA was added, followed by the competitive inhibition of ADA binding by exogenously added soluble DPP4 and assessment of ADA content on cell surface. The flow cytometric contour plots depict inhibition of ADA binding to cells by exogenously added soluble DPP4 (sDPP4). *C*: Representative mean fluorescent intensity of ADA on DPP4^+^ cells are shown. \**P* \< 0.05 when compared with control; \#*P* \< 0.05 when compared with ADA-treated cells. (A high-quality digital representation of this figure is available in the online issue.)](149fig5){#F5}

DPP4 on antigen-presenting cells promotes T-cell proliferation. {#s18}
---------------------------------------------------------------

To investigate the underlying mechanisms by which DPP4 expression on DCs/macrophages may promote adipose inflammation, we investigated both innate and adaptive immune response. We first detected the secretion of proinflammatory cytokines, an important innate function of DC, after knockdown of DPP4 by siRNA. As shown in [Fig. 6*A*](#F6){ref-type="fig"}, transfection efficiency of MDDCs was as high as 67%. As detected by flow cytometry, DPP4 expression on MDDC was successfully knocked-down by siRNA (decreased to one-third; [Fig. 6*B*](#F6){ref-type="fig"}). Surprisingly, the secretion of proinflammatory cytokines (TNF-α and IL-6) was not affected by the downregulation of DPP4 ([Fig. 6*C*](#F6){ref-type="fig"} and *D*).

![DPP4 on human DCs promotes T-cell proliferation. *A*: Human MDDCs were transfected with unlabeled siRNA (control) or FITC-labeled siRNA (siRNA) and subjected to flow cytometric analysis after 24 h. MDDCs were gated based on the expression of CD11c and HLA-DR (*left*). Transfection efficiency (*right*) showed \>67% of MDDCs were successfully transfected with siRNA. *B*: Human MDDCs were transfected with DPP4 siRNA (siDPP4) or control siRNA (siCtrl) and subjected to flow cytometric analysis after 24 h. Expression of DPP4 was reduced from 31.1% to 13.2% after transfection with DPP4-specific siRNA. *C* and *D*: At 24 h after siRNA transfection, MDDCs were stimulated with 1μg/mL LPS. Supernatant was collected for ELISA detection of TNF-α (*C*) and IL-6 (*D*). *E*: T cells isolated from human peripheral blood were labeled with CFSE. High concentration (Hi; 5 × 10^6^/mL) or low concentration (Lo; 5 × 10^5^/mL) CFSE-labeled T cells were stimulated with untreated or ADA-pretreated MDDCs (10 ng/mL of ADA). Proliferation of T cells was detected by analyzing CFSE intensity on flow cytometer after 5 days of coculture. \**P* \< 0.05 when compared with untreated group. *F*: CFSE-labeled T cells were stimulated by MDDCs pretreated with indicated concentrations of ADA in the presence of adenosine (0--2 mmol/L). Proliferation of T cells was detected by analyzing CFSE intensity on flow cytometer after 3 days of coculture. *G*: In the presence of 1 mmol/L adenosine (Ado), CFSE-labeled T cells were cocultured with MDDCs that were pretreated with indicated concentrations of ADA. Unstimulated T cells were used as a negative control (− Ctrl), and T cells stimulated with anti-CD3 Ab in the absence of Ado were used as a positive control (+ Ctrl). Proliferation of T cells was detected using flow cytometry after 3 days. \**P* \< 0.05 when compared with 0 nmol/L ADA group. *H*: MDDCs were transfected with DPP4-specific or control siRNA and pretreated with 10 ng/mL ADA. The cells were then cocultured with CFSE-labeled T cells (5 × 10^5^/mL) with or without the presence of 1 mmol/L adenosine. Proliferation of T cells was detected using flow cytometry after 3 days. \**P* \< 0.05 when compared with control siRNA-transfected group. (A high-quality color representation of this figure is available in the online issue.)](149fig6){#F6}

DPP4 on T cells has been shown to provide costimulatory signaling via its binding to extracellular ADA ([@B2]). However, the function of DPP4 on antigen-presenting cells (APCs) in the context of T-cell proliferation is not fully understood. In mixed lymphocyte reaction (MLR) assays using T-cell/DC cocultures (4:1 ratio), preincubation with ADA promoted T-cell proliferation at high cell concentrations but not low cell concentrations ([Fig. 6*E*](#F6){ref-type="fig"}). In contrast, inhibition of DPP4 catalytic function with a specific inhibitor, sitagliptin, did not improve T-cell proliferation at high cell numbers. Consistent with this, addition of soluble DPP4 with enzymatic function showed a similar level of proliferation ([Supplementary Fig. 8](http://diabetes.diabetesjournals.org/lookup/suppl/doi:10.2337/db12-0230/-/DC1)). Considering the fact that ADA can degrade adenosine, a cellular metabolic product able to suppress T-cell proliferation ([@B19]), our results suggest that the relative abundance of ADA\--DPP4 complex or the concentrations of adenosine in the MLR may determine T-cell proliferation. MLR was then performed to detect T-cell proliferation stimulated by ADA-pulsed DCs with different concentrations of adenosine. As shown in [Fig. 6*F*](#F6){ref-type="fig"} and *G*, adenosine dose-dependently suppressed T-cell proliferation, whereas preincubation of DCs with ADA relieved the inhibitory effect of adenosine in a dose-dependent manner. The siRNA knockdown of DPP4 on DC suppressed proliferation of both CD4^+^ and CD8^+^ T cells in a MLR culture system with the presence of adenosine ([Fig. 6*H*](#F6){ref-type="fig"} and [Supplementary Fig. 9](http://diabetes.diabetesjournals.org/lookup/suppl/doi:10.2337/db12-0230/-/DC1)). These results are consistent with the in vivo findings in obese subjects ([Fig. 3](#F3){ref-type="fig"}). Consistent with this, T-cell receptor signaling andSTAT3, an important signaling molecule that regulates T-cell proliferation and activation ([@B20],[@B21]), were regulated by both adenosine and DPP4-expressing DC ([Supplementary Fig. 10](http://diabetes.diabetesjournals.org/lookup/suppl/doi:10.2337/db12-0230/-/DC1)). The activation of STAT3 increased on T-cell activation, which is suppressed by adenosine. Coculture with DC relieved the suppressive effect of adenosine, and knockdown of DPP4 by siRNA attenuated the effect of DC. Similar results were observed on TCR signaling. Lck is a Src family tyrosine kinase that mediates TCR signaling during T-cell activation. After TCR engagement, Lck is activated and phosphorylates ZAP-70 to mediate downstream signaling events. Phospho-Lck (Tyr505), the inactive form of Lck ([@B22]), increased in T cells cocultured with DPP4 siRNA-transfected DC (DC-siDPP4) compared with that of control siRNA-tranfected DC (DC-siCtrl), suggesting a lower activation of TCR signaling. These data support a role for DC-expressing DPP4 as an important regulator of T-cell proliferation, predominantly via the regulation of ADA function.

DISCUSSION {#s19}
==========

In this article we demonstrate a number of findings: *1*) DPP4 expression in VAT macrophages/DCs is significantly higher than that of corresponding peripheral cells; *2*) VAT DCs/macrophages in human and experimental obesity (diet-induced and ob/ob) express higher levels of DPP4 compared with lean controls; *3*) DPP4 expression in DCs/macrophages is directly related to the degree of insulin resistance and T-cell activation in adipose tissue; *4*) DPP4 expression increases with functional maturation of DCs/macrophages; and *5*) DC/macrophage-expressing DPP4 binds ADA and contributes to T-cell proliferation via modulation of adenosine concentrations.

DPP4 is widely known for its regulatory role in glycemia control through enzymatic degradation of incretin peptides ([@B23],[@B24]). Its role in inflammation has been traditionally postulated as occurring via its enzymatic function, whereby DPP4, through its *N*-terminal dipeptidase activity, cleaves X-Pro or X-Ala dipeptides from numerous chemokines. This cleavage can result in both inactive and active fragments of the targeted chemokines, resulting in unique effects that may depend on local milieu and disease context. The nonenzymatic function (especially the immune regulatory aspects) of DPP4 on immune cells and their putative role in modulating inflammation in type 2 diabetes remain poorly characterized. Although a role of DPP4 in inflammation has been postulated by many previous investigations primarily based on its expression on T cells, considerably less attention has been given to its role in macrophages and DCs because of its relatively low expression on such cells in the blood and lymphoid tissue ([@B6]--[@B8]). In our study, we noticed much higher expression of DPP4 on APCs (macrophages and DCs) in adipose tissue compared with that of peripheral blood ([Fig. 1*A*](#F1){ref-type="fig"}), suggesting that DPP4 might have regional functions in VAT depots. To further explore its role in DC function, we quantified DPP4 expression during differentiation and activation of APCs. During the in vitro differentiation of DCs and macrophages from monocyte precursors, the expression of DPP4 was significantly increased ([Fig. 1*B*](#F1){ref-type="fig"} and [Supplementary Fig. 3](http://diabetes.diabetesjournals.org/lookup/suppl/doi:10.2337/db12-0230/-/DC1)). Our subsequent findings demonstrated that DPP4 expression increased with functional maturation of DCs and macrophages ([Fig. 4*B*--*D*](#F4){ref-type="fig"}), which further supports the hypothesis that DPP4 may regulate immune responses. Consistent with our findings, Ohnuma et al. ([@B25]) previously reported a link between DPP4 expression and maturation of APCs. DPP4 upregulates CD86 via IRAK-1 and nuclear factor-κB pathways ([@B26]). To investigate the role of DPP4 in DC-mediated innate immune response, we tested the proinflammatory cytokines secretion on DPP4-siRNA--transfected DCs. Surprisingly, no difference in TNF-α and IL-6 secretion was noted between control and DPP4-siRNA--transfected DCs ([Fig. 6*C*](#F6){ref-type="fig"} and *D*). These results do not rule out the possibility that DPP4 may regulate the secretion of other proinflammatory cytokines ([@B27],[@B28]). The maturation of APC might influence another major role of these cells, initiating the adaptive immune response. We therefore investigated T-cell proliferation in VAT of obese humans and mice. Higher percentages of CD4 and CD8 T-cells and higher levels of T-cell activation in SVF from VAT of ob/ob mice were observed ([Fig. 3](#F3){ref-type="fig"}). Moreover, the cell number of CD4^+^ T cells in the SVF of human VAT was strongly correlated with the expression of DPP4 on adipose macrophages ([Fig. 3*E*](#F3){ref-type="fig"}), suggesting a potential role for DPP4 in the activation of adipose T cells. Further studies in obese humans demonstrated a connection between adipose DPP4 expression and insulin resistance ([Fig. 2*B*](#F2){ref-type="fig"}). To investigate whether the catalytic function of DPP4 is involved in this effect, we added either soluble DPP4 (has preserved catalytic function) or specific inhibitor for DPP4 enzymatic activity into a DC\--lymphocyte coculture system. Neither soluble DPP4 nor DPP4 enzymatic inhibition significantly changed DC-mediated T-cell proliferation ([Supplementary Fig. 8](http://diabetes.diabetesjournals.org/lookup/suppl/doi:10.2337/db12-0230/-/DC1)), suggesting that the catalytic function may not be involved in this process. The nonenzymatic function of DPP4 (interacting with ADA) is probably responsible for the enhanced T-cell proliferation. However, preincubation of ADA with DCs had no discernible effect on T-cell proliferation at lower cell concentrations (5 × 10^5^/mL), suggesting the costimulation might not be the major contributor for the proinflammatory effect of APC-expressing DPP4. The failure of ADA pretreatment in our study to stimulate T-cell proliferation under low cell concentrations may be related to the relatively low expression of DPP4 on APCs. Furthermore, commercially available ADAs are exclusively ADA1, the major isoform of ADA, which is known to have weak costimulatory effects even after 7 days of coculture with T cells ([@B29],[@B30]). In contrast, incubation of T cells with ADA-pulsed DC at high concentrations (5 × 10^6^/mL), albeit at the same ratio of T/DC, had a discernible impact on promoting T-cell proliferation cells ([Fig. 6*E*](#F6){ref-type="fig"}).

As a metabolite of ATP, adenosine is released from cells in a variety of inflammatory states, ischemia, and infection, and has marked suppressive effects on immune cells, including T and innate immune cells ([@B19],[@B31]). ADA functions as a pivotal enzyme in modulating adenosine concentrations by converting adenosine into inosine, a nontoxic degradation product ([@B32]). In tissue stress, higher levels of adenosine signal through adenosine receptors to exert strong anti-inflammatory effects. Elevated adenosine potently downregulates the activation of lymphocytes during inflammation. The regulation of adenosine levels in VAT may be of importance in DC responses to pathogen-associated molecular patterns and their activation of T cells. In our experiments, a high cell concentration coculture system was designed to mimic the in vivo context of inflammation (high cellularity) and elevated levels of adenosine. Our findings confirmed that ADA dose-dependently relieved the inhibitory effect of adenosine on T-cell proliferation ([Fig. 6*F*](#F6){ref-type="fig"} and *G*). Furthermore, knockdown of DPP4 by siRNA suppressed the stimulatory function of DC in the presence of adenosine ([Fig. 6*H*](#F6){ref-type="fig"}), suggesting DPP4 on DCs is responsible for the binding of ADA and for creating a microenvironment suitable for T-cell proliferation. Considering the fact that adipose inflammation is an important contributor for type 2 diabetes ([@B33],[@B34]), our results are strongly suggestive of an effect of DPP4 in modulating ADA activity, thereby regulating adenosine concentrations and adipose inflammation in obesity and type 2 diabetes.

Our findings highlight the complex regulatory role of DPP4 in obesity. We demonstrate in the current study that in addition to its well-known function in regulation of glycemic control through its enzymatic function, DPP4 expression in inflammatory cells such as macrophages and DCs may play an important role in regulating the adipose inflammatory environment in obesity through its nonenzymatic function. During the development of obesity-induced insulin resistance, the expression of DPP4 may increase in adipose mononuclear immune cells. This increased expression may facilitate rapid DPP4-mediated degradation of incretin peptides via its enzymatic function, thereby contributing to hyperglycemic effects. The nonenzymatic function of DPP4, however, may help augment DC/macrophage maturation, resulting in DPP4-mediated promotion of T-cell activation and proliferation via its interaction with ADA. T-cell proliferation occurs early in the course of the development of obesity and contributes to insulin resistance and metabolic complications ([@B35]--[@B37]). Both CD8^+^ T cells and various subsets of CD4^+^ T cells have been demonstrated to play a critical role in the regulation of body weight, adipocyte hypertrophy, insulin resistance, and glucose tolerance, implicating these cells as fundamental regulators of disease progression ([@B35]--[@B37]). DPP4 expression on DCs/macrophages may facilitate T-cell proliferation and may constitute a maladaptive feed-forward loop that may contribute to adipose inflammation.

Understanding nonenzymatic functions of DPP4 in the development of obesity-induced adipose inflammation/insulin resistance might be of importance in the treatment of type 2 diabetes and may provide additional targets for intervention. Because inflammation is a powerful regulator of metabolic dysfunction in type 2 diabetes, and because metabolic dysregulation plays an obvious role in facilitating inflammatory cascades, one may hypothesize that DPP4 plays a pernicious role in both processes. To what extent the indirect effects of enzymatic DPP4 inhibition on inflammation versus direct nonenzymatic regulation of innate and adaptive immunity will require further investigation.
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